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Glossary 
ADH: alcohol dehydrogenase 
AFM: atomic force microscopy 
ATR-FTIR: attenuated total reflectance Fourier transform infrared spectroscopy 
ATR-SEIRA: attenuated total reflectance surface-enhanced infrared absorption spectroscopy 
BOD: bilirubin oxidase 
ChOx: cholesterol oxidase 
CLSM: confocal laser scanning microscopy 
Cp: ceruloplasmin 
CcP: Cytochrome c peroxidase 
DET: direct electron transfer 
DMPC: dimyristoylphosphatidylcholine  
DTSP: dithiobis(succinimydil propionate) 
ECL: electrogenerated chemiluminescence 
EM-CCD: electron multiplying charge-coupled device 
FAD: Flavin adenine dinucleotide 
FM: Fluorescence Microscopy 
FRET: Förster resonance energy transfer 
GC: generation collection 
GDH: glucose dehydrogenase 
GOx: glucose oxidase 
HDMS: hexamethyldisiloxane 
HOPG: highly oriented pyrolytic graphite 
HRP: horseradish peroxidase 
HS-AFM: high-speed atomic force microscopy 
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LOx: lactate oxidase 
MET: mediated electron transfer 
MOF: metal organic framework 
NAD+/NADH: nicotinamide adenine dinucleotide 
NE: nano-electrode 
NiR: nitrate reductase 
PEDOT: poly(3,4-ethylenedioxythiophene) 
PEI: polyethyleneimine 
PM-IRRAS: polarization modulation infrared reflectance absorption spectroscopy  
PMT: photomultiplier tube 
PMV: protein monolayer voltammetry 
PS: polystyrene 
PSS: polystyrene sulfonate 
QCM: quartz crystal microbalance 
SAM: self-assembled monolayer 
SECM: scanning electrochemical microscopy 
SEM: scanning electron microscopy 
SERS: surface-enhanced Raman spectroscopy 
SM: single molecule 
SPECM: scanning photo-electrochemical microscopy 
SPM: scanning probe microscopy 
SPR: surface plasmon resonance 
STED: stimulated emission-depletion microscopy 
STM: scanning tunneling microscopy 
TEM: transmission electron microscopy 
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UME: ultra-micro electrode 
 
 
Abstract 
Redox enzymes, that catalyze electron transfer reactions in living organisms, can be used as selective 
and sensitive bioreceptors in biosensors, or as efficient catalysts in biofuel cells. In these 
bioelectrochemical devices, the enzymes are immobilized at a conductive surface, the electrode, with 
which they must be able to exchange electrons. Different physico-chemical methods have been 
coupled to electrochemistry to characterize the enzyme-modified electrochemical interface. In this 
review, we summarize most efforts performed to investigate the enzymatic electrodes at the micro 
and even nanoscale thanks to microscopy techniques. Contrary to electrochemistry, which gives only 
a global information about all processes occurring at the electrode surface, microscopy offers a spatial 
resolution. Several techniques have been implemented: mostly scanning probe microscopy like atomic 
force microscopy (AFM), scanning tunneling microscopy (STM) and scanning electrochemical 
microscopy (SECM), but also scanning electron microscopy (SEM) and fluorescence microscopy. These 
studies demonstrate that various information can be obtained thanks to microscopy at different scales.  
Electrode imaging has been performed to confirm the presence of enzymes, to quantify and localize 
the biomolecules, but also to evaluate the morphology of immobilized enzymes, their possible 
conformation changes upon turnover, and their orientation at the electrode surface. Local redox 
activity has also been imaged and kinetics has been resolved. 
Introduction 
Enzymes are the indispensable catalysts of the plentiful metabolic reactions in living organisms. These 
complex macromolecules have unequaled properties, notably their high selectivity and turnover rate. 
Among them, redox enzymes catalyze electron transfer reactions involved in mechanisms such as 
respiration or fermentation. Electrochemists have inserted them quite early in bio-electrochemical 
devices like biosensors where they are used as very selective and sensitive bio recognition elements, 
or bio-fuel cells where they act as powerful catalysts thanks to their high turnover, high specificity, and 
low overpotentials.[1] Enzyme immobilization at the electrode surface is a critical step in the design and 
fabrication of these bio-devices.[2] The enzymes must retain their full activity, stability and specificity 
upon immobilization. Moreover, an effective electron coupling between the protein redox centers and 
the electrode is a key prerequisite to efficient devices. This latter point is not trivial due to the size of 
the molecules and their structural complexity.[3] The enzyme activity relies on a redox active site mostly 
deeply buried in the enzyme dielectric structure, and sometimes accompanied by electronic relays that 
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drive electrons between the active site and the surface of the molecule, which results in a huge 
anisotropy of enzyme electronic properties. The electronic communication between an enzyme and 
an electrode can be direct[3-4] (i.e. electrons tunnel directly from the enzyme active site or electron 
relays to the electrode or reciprocally) or indirect (the indirect electron transfer is also called 
“mediated electron transfer”).[4] In the direct electron transfer (DET) case, an appropriate enzyme 
orientation is required since tunneling efficiency decreases exponentially with increasing distance 
between the electron donor and acceptor. In the mediated electron transfer case (MET) a small redox 
mediator, either diffusing or immobilized, acts as an electron shuttle between the enzyme and the 
electrode. 
Electrochemical methods, which mainly rely on recording current as a function of applied potential, 
are convenient not only to evaluate the performance of the bio-devices or to characterize the bio-
electrodes, but also to study the fundamental properties of the immobilized enzymatic catalysts. Lots 
of information can be extracted from the electrochemical signal, and allow characterizing the electrode 
itself, the redox species and electrochemical reaction, as well as transport mechanism and regime. 
Tuning the overpotential applied to the electrode allows finely tuning the driving force of the electron 
transfer reaction, and therefore gives access to the thermodynamic and kinetic properties of the 
biomolecules as well as information about reaction mechanisms.[5] Finally, the same methods give 
access to current-voltage behavior that fully characterizes a bio-fuel cell,[6] and to sensitivity, precision, 
and specificity of a biosensor.  
Despite the method strength, limiting one’s study to pure electrochemical techniques leads to missing 
information. The first problem is the difficulty to quantify accurately the amount of immobilized 
enzyme. Moreover, this total quantity represents inactive, active and electroactive enzyme. Even this 
latter quantity is mostly unknown due to the electrochemical sensibility, which limits the detection of 
the enzyme non-catalytic signal. Conformational changes due to immobilization or arising during 
turnover are also unknown, and so are protein aggregation, denaturation or destructuration possibly 
appearing upon attachment at the electrode surface. Electrochemistry allows only approximating the 
distribution of enzyme orientation, a crucial problem in the case of DET. Finally, heterogeneity of 
catalysis at the electrode surface, already reported for abiotic catalysts,[7] cannot be evaluated since 
the electrochemical response is averaged over the entire electrode surface. Similarly, electrochemistry 
gives no data about the enzyme distribution at the electrode surface or in the electrode volume when 
porous electrodes are used. 
To get access to these lacking information and better characterize redox enzymes and bioelectrodes, 
in the past decade, electrochemistry has been more and more coupled to alternative physical methods. 
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Among them quartz crystal microbalance (QCM)[8] and surface plasmon resonance (SPR)[9] allow 
quantifying the immobilized enzyme. QCM with dissipation gives access to some structural information 
of the immobilized enzyme.[10] Different declinations of infra-red or Raman spectroscopy (PMIRRAS, 
ATR-FTIR, ATR-SEIRA, SERRS)[9a, 11] inform about protein structure, orientation, and redox states. 
Experimenters sometimes conduct two separate experiments, i.e. they analyze their bioelectrode with 
a physical method prior to/after the electrochemical experiment.[9] More challenging is the direct or 
“in situ” coupling where the complementary information is recorded directly during the 
electrochemical experiment.[10] 
Here we will focus on the most intuitive way to get spatially resolved information about enzymatic 
electrodes, i.e. their characterization via different kinds of microscopy. We will concentrate on 
immobilized redox enzymes, putting aside most developments performed with redox proteins like 
cytochrome, azurin etc. that present no catalytic activity. We will consider mostly cases where 
electrons are exchanged between the enzyme and the underlying surface (the electrode), either 
directly or indirectly. In addition, we will describe surfaces that are not, strictly speaking, electrodes 
especially since in the process of electrode development researchers sometimes transfer their 
enzymatic system on another surface (glass etc.) to facilitate the microscopical observation. We do not 
mean to be exhaustive but to give a general overview on the techniques used, to present what kind of 
information can be extracted, and what are the current limitations. To facilitate the reader’s access to 
information, we also divide each chapter in subsections according to the techniques used, as far as it 
is possible and seems consistent.  
1- Microscopy… and nanoscopy 
In etymological terms, microscopy means “to observe at the micro scale”. Modern microscopes allow 
going much beyond this scale so we can also consider observation at the nanometric scale 
(“nanoscopy”). We will describe here techniques that allow imaging the whole electrode sample as 
well as some that allow the visualization of the single immobilized enzyme molecules. Some permit 
only electrode observation in the dry state, while others allow working in the wet state; and therefore 
in situ or ex-situ methods are developed. Due to the difference in scale as well as operating conditions, 
different techniques allow to meet different purposes with most of the time the general aim of 
studying how the immobilization process or the chemistry and nature of the electrode surface impact 
the final enzyme coverage and its activity.[8c] To answer the questions about what happens to enzyme 
upon immobilization or submission to potential scanning, either spatially resolved information is 
collected at the electrode scale, or single molecule (SM) observation is performed. The first 
methodology allows characterizing the localization of enzyme and catalysis, the dimensions of enzyme 
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layer, and the enzyme coverage. The second enables resolving the orientation, morphology, 
mechanism, kinetics of the enzyme at the SM level, thus avoiding approximations due to averaging. 
We do not cover here the characterization of electrode structure prior to enzyme immobilization 
usually carried out with electron microscopy. However, scanning electron microscopy (SEM) is also 
used to attest the presence of enzymes in the last steps of electrode modification (see following part) 
so we could not consider the topic without mentioning this technique. Briefly, SEM consists in scanning 
a focused electron beam over the sample surface. Upon interaction with the sample, the electrons 
produce secondary electrons, backscattered electrons, and characteristic X-rays. One or several 
detectors collect these signals to form images.[12] Resolutions achieved with modern SEMs can be as 
low as 1-20 nm.[13] 
1.1- Scanning Probe Microscopy (SPM) 
In our context, the most widely used techniques are the various scanning probe microscopies (SPM): 
atomic force microscopy (AFM), scanning tunneling microscopy (STM), and scanning electrochemical 
microscopy (SECM). These techniques are relatively recent since they date back to the 1980’s-1990’s. 
In all these different microscopies, an image is obtained by scanning a micro or nano-probe across the 
sample surface at a short distance from the surface under study. Accurate control of the probe position 
is achieved via a X, Y, Z piezo positioning system. The scanning probe techniques are non-invasive 
methods and they can be adapted to make measurements possible under physiological conditions. 
The nature of the recorded signal is mechanical in case of AFM, electrochemical in case of SECM, and 
electronic in case of STM. The signal is influenced by the nature and reactivity of the sample, and by 
the distance between the probe and the sample.  
1.1.1- Scanning Tunneling Microscopy (STM) 
STM was developed by Rohrer and Binnig,[14] who were awarded the 1986 Nobel Prize in physics for 
this invention. It is all the more noteworthy that it allowed for the first time resolution at the atomic 
level. STM relies on recording local electronic properties of a sample by imposing a bias voltage 
between the tip and the scanned sample and recording the resulting tunneling current. Either the scan 
is performed at a constant distance from the sample and the resulting tunneling current is recorded, 
or the scan is performed at constant tunneling current and the distance is adapted, which is measured 
by recording the required voltage at the piezo. Initially developed to visualize surfaces at the atomic 
level and surface topography, STM was early extended to the manipulation of atoms.[15] Moreover, 
STM in an aqueous environment was realized as early as 1986,[16] which allowed applying the technique 
to characterization of electrochemical reactions and interfaces.[17] STM contains valuable information 
about the electronic state of adsorbed molecules, which allows their identification and evaluation of 
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their reactivity. It gives access to the molecular energy levels relative to the Fermi level of the sample 
electrode, which is directly relevant to the electro-activity of the immobilized molecules. It is important 
to note that STM mapping characterizes molecular tunneling conductivity rather than topographic 
shape. The measures usually establish either the current/bias voltage relation while the sample 
electrode is kept at constant potential; or the current/sample electrode overpotential relation at 
constant bias voltage.[18] The temporal resolution of STM is limited to the order of seconds due to the 
limited scan rate of the instrument. A second limitation is the need for a conductive sample, imposed 
by the operating mode, but it is not restrictive in our case where electrode surfaces are studied.  
1.1.2- Atomic Force Microscopy (AFM) 
AFM invention was related in 1986.[19] In this technique, a nanometer tip placed at the end of a 
vibrating cantilever approaches the sample within few angstroms. The cantilever vibrates due to 
atomic force interactions between the tip and the sample, which depend on their relative distance. 
The vibration is visualized with a laser beam and a photodetector. AFM can be operated in two 
different modes: the contact mode and the tapping mode.[8c] In the first mode, a continuous contact 
is established between tip and sample. The second mode is a “dynamic” mode in which the tip 
oscillates at its resonance frequency and the tip−sample distance is adjusted during scanning so that 
the amplitude of the oscillation is kept constant. AFM provides morphological and mechanical 
information at the nanometer level. It can therefore attest the presence of enzymes at an electrode 
surface, allow to decipher between full or incomplete coverage, between mono- and multilayer, and 
show surface induced conformational changes of proteins. Here we are interested in AFM as a 
microscopy technique although it has also been developed as a “force-spectroscopy technique” to 
characterize mechanical properties of proteins, protein-protein and protein-surface interactions, or to 
evaluate the strength of attachment of an enzyme to a substrate. Tapping mode has been developed 
in an aqueous environment, thus allowing characterization of the enzyme electrodes in their working 
state. Indeed “the biological relevance of dry samples might be questioned” since “imaging under 
ambient conditions implies the application of higher forces on the protein, which could damage or 
distort the imaged structures”.[20] However AFM can rarely provide information about the catalytic 
activity of immobilized enzymes, although we present here an example where time resolved AFM has 
enabled to visualize motions of protein domains during the catalytic cycle (see part 8). The use of AFM 
for our purposes is mainly limited to perfectly planar surfaces: enzyme molecules are hardly detected 
in case of roughness. Moreover, possible aberrations are well known.[21] The first, known as tip dilation 
effects, translates the fact that features smaller than the AFM tip appear as wide as those of the tip.[22] 
The second, called tip compression effect, is the fact that in tapping mode soft molecules usually 
appear smaller in height than their real size.  
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1.1.3- Scanning Electrochemical Microscopy (SECM) 
Few tens of reviews as well as comprehensive books have been written on SECM.[23] Engstrom and Liu 
conducted the first investigations of the electrochemical diffusion layer with the help of a 
microelectrode, which laid the basis of SECM, in the late 1980’s.[24] The technique was simultaneously 
developed and formalized by Bard and co-workers between 1986-94.[16b, 25] Since SECM can work in 
aqueous buffered solutions and in situations as close as possible to native environments of 
biomolecules, the suitability for bio-applications was ensured since the beginning.[25d] It is remarkable 
that reviews on the use of this technique for the study of enzymes were published as early as 2001.[26] 
We invite the interested reader to read two very comprehensive and complete recent reviews about 
the nanoscale SECM as well as about experimental details of the technique.[27] We will here mainly 
focus on the details necessary to understand what concerns redox biomolecules. Although the 
definitions can slightly vary, we will call ultramicroelectrodes (UME) electrodes with one dimension 
smaller than 25 µm, and nanoelectrodes (NE) those that have at least one dimension smaller than 100 
nm. The SECM tip, usually a UME (typically a conductive disk of metal or carbon of 5-25 µm diameter), 
is a sensitive collector of redox species: the recorded signal is a faradaic current that depends on both 
the distance to the sample and the sample surface redox activity. Usually, the surface under 
investigation by SECM is called a substrate, but to avoid any confusion with the molecule that reacts 
with the enzyme also called a substrate, this term will not be used in this review to indicate the surface. 
Using a bipotentiostat both tip and surface can be polarized. Traditionally the SECM operation modes 
can be divided into two main categories: the feedback mode and the generation/collection mode, 
although several modes appeared more recently like the redox competition mode which is of high 
interest for the study of enzymes.[27a]  
In the feedback mode, the steady-state current Itip measured at the UME depends on the distance d 
between the tip and the surface. Feedback mode is characterized by approach curves, i.e. current-
distance curves that represent IT as a function of L. IT is the ratio of the tip current (Itip ) by the infinite 
distance current (Itip,∞), IT = Itip/ Itip, ∞,  and L is the ratio of the distance tip- surface d by the radius of the 
electrode a, L=d/a. Current-distance behavior at an insulating surface gives negative feedback: the 
current decreases as the tip approaches the surface because diffusion of the redox active species is 
hindered. On the contrary, a positive feedback is recorded at a conductive surface: the current 
increases when the tip approaches the surface because molecules oxidized at the tip can be reduced 
at the surface (or reciprocally), provided that a convenient polarization is applied both to the tip and 
the surface (in most cases). Some specificities have to be considered in the case where enzyme activity 
is imaged.[8c, 28] In the positive feedback mode, a redox mediator that can be both converted at the 
electrode and by the enzyme has to be used: it is generally not the enzyme natural co-substrate, but 
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an artificial reversible redox mediator allowing better reproducibility and higher sensitivity. The 
feedback mode requires a diffusion controlled conversion of the mediator at the UME. The main 
problem of feedback mode on conductive surfaces is a high background current. Moreover, the 
substrate and product of enzyme reaction must not be converted at the UME, and they must not inhibit 
the mediator conversion at the UME. An adaptation of feedback mode to the specific case of enzyme 
reaction can be called “enzyme-mediated feedback mode”.[25c, 25d, 29] The redox mediator in solution is 
present at the beginning only in the redox state that does not allow the enzymatic reaction, for 
example only the reduced state. The tip is polarized at a potential that oxidizes the mediator, and 
positioning the tip above the enzyme switches on the enzymatic reaction. Therefore a positive 
feedback due to enzymatic reaction is superimposed to negative feedback due to hampered diffusion 
of the reduced mediator by the electrode surface. The enzymatic reaction has to be fast enough to be 
detectable.   
The generation/collection (GC) mode can itself be divided into either tip generation/substrate (here, 
surface studied) collection or substrate generation/tip collection (SG/TC). Studying enzyme reaction 
relies most of the time on SG/TC: a product of the enzymatic reaction occurring at the surface under 
study is detected at the tip polarized at an appropriate potential. A current is observed only when the 
tip is located above an enzymatically active domain. The surface under study can be also polarized but 
in such a way that what is collected at the tip can only be formed by the enzymatic reaction. GC mode 
is more sensitive than feedback mode since there is no background current. Indeed, in GC mode the 
specie detected at the tip is present only if it can be formed at the surface. In the case of the product 
of an enzymatic reaction, the absence of enzyme results in a zero current. On the contrary, in feedback 
mode, the specie is originally present in the bulk and changes its oxidation state at the tip. In the 
presence of enzyme, it is recycled in its former oxidation state by reaction at the surface. This redox 
cycling therefore enhances the tip current (positive feedback) but the background current is not zero.  
However overlapping of the diffusion layers from the single enzymes leads to lower lateral 
resolution.[30]  
Finally, in the redox competition mode, the tip and the enzyme compete for the same substrate.[31] In 
these conditions the enzyme reaction is detected because it decreases the current at the tip. 
SECM provides morphological data but also information about the (electrochemical) reactivity of a 
sample. It is therefore adapted for immobilized oxidoreductase enzymes. SECM was used very early to 
characterize biological molecules: kinetics of electron transfer of glucose oxidase (GOx) immobilized 
on insulating surfaces were elucidated in the early 1990’s.[25c, 25d] SECM is now also used for the 
optimization and characterization of sensing platforms. The technique is convenient to image local 
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enzyme activity, to allow evaluation of kinetics parameters or visualization of reactant diffusion 
profiles.[19a] Since the tip dimensions govern spatial and temporal resolution of SECM, various efforts 
are devoted to design and prepare nano-electrodes to get sub-micrometric resolution.[27b, 28] Possible 
problems with SECM are the correct positioning of the tip UME and large imaging times required for 
large image frames.  
Each technique has its own advantages, for SECM it is its specificity and for STM and AFM it is their 
nanometric resolution that allows locating individual proteins. The disadvantage in both cases is the 
restricted scanned area or the long time needed to scan a consequent area. Moreover, a recurrent 
problem of scanning-probe microscopies is the possible contact between tip and sample that could 
damage the tip and/or the sample and leads for example to tip-induced desorption upon scanning.[32]  
1.2- Fluorescence Microscopy (FM) 
On the contrary, fluorescence microscopy is a non-invasive optical technique in which the sample is 
observed by setting the focal plane through a display of lenses. Upon excitation of the sample by a 
light source (most of the time a laser beam), fluorophores are excited and re-emit light upon de-
excitation. Although not widely used in bioelectrochemistry, fluorescence microscopy is a method of 
choice in biological experiments. It is therefore compatible with observation of biological samples and 
very well described for this kind of applications. Moreover, confocal microscopy allows rebuilding 3D-
images by dividing a sample into optical slices with very low depth field and close focal planes, and 
stacking the obtained images. The approach is limited by the need for photon-emitting species, which 
is mainly ensured by labeling, although some molecules of biological interest are self-fluorescent. This 
is for example the case of the amino-acid tryptophan, or of redox cofactors such as flavin adenine 
dinucleotide (FAD) in its oxidized state,[33] or nicotinamide adenine dinucleotide in its reduced form 
(NADH).[34] Moreover, the resolution is limited by diffraction. In situ coupling is still technically complex 
although it is more and more developing in abiotic context as shown by recent reviews or articles.[35] 
Method (Reference) Temporal 
resolution 
Spatial resolution 
Lateral dimension Vertical dimension 
AFM  2-3 nm  0.15 nm 
HS-AFM ([36]) < 100 ms 2-3 nm  0.15 nm 
SECM ([27b, 37]) s  100 nm  
STM ([38]) 10-1000 ms Atomic scale Atomic scale 
Ultrafast STM ([38]) ns Atomic scale Atomic scale 
SEM ([13])   10  nm  
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Ultrafast SEM ([13]) a few ps  10  nm  
Wide-field FM ([39]) 100 ms  250 nm 600 nm 
Confocal FM ([39]) 100 ms  180 nm  
Super-resolution FM 
(example of STED) ([40]) 
s 20-30 nm 600  
Table 1- Spatial and temporal resolutions of the different microscopy techniques. STED stands for 
Stimulated Emission Depletion. 
2-Electrode imaging to confirm the presence of enzymes  
The first justification of the use of microscopy is to prove that the enzyme has been attached at the 
electrode surface or in the electrode volume. It is not rare to find articles where microscopy has been 
used to attest the presence of the enzyme molecule after incubation of the electrode in the enzyme 
solution, or after deposition of the enzyme solution on top of the electrode. This could be considered 
as a first step towards quantification of enzyme, or localization of its distribution, although these 
observations are not precise enough so far. 
2.1- Electron Microscopy 
Various articles report the use of SEM to image the electrode surface after enzyme immobilization. We 
will mention here only a few recent studies. This technique is very interesting since observations are 
possible down to a very low scale. The presence of laccase on ferromagnetic nanoparticles bound by 
polypyrrole[41] or nitrate reductase immobilized on zinc oxide nanoparticles[42] could be observed down 
to very small scales: features as small as few tens of nanometers could be easily distinguished. The 
surface or nanostructure are compared prior to and after enzyme addition and modifications indicate 
a successful enzyme immobilization. In one study, not only the presence of enzyme but also the 
influence of enzyme solution on structure preservation has been investigated. After immobilization of 
GOx on carbon fibers, these latter kept their structure but deposition of the enzyme solution on the 
materials was more or less homogeneous depending on their pretreatment, likely due to differences 
in wettability.[43] In most cases, although a change of morphology or texture of the surface is detected 
upon enzyme addition, no more information is obtained. Several causes can explain this. First, the 
enzyme protein structure is dielectric, therefore leading only to a low-contrast in the absence of 
metallization. The complexity of most enzyme solutions, that contain additives due to the purification 
(like glycerol, buffer, salts, etc.) result in a paste where enzyme remains indistinguishable. In the case 
of micro- or nanostructured electrodes, nothing indicates if the enzyme solution has penetrated inside 
the 3D structure or if it has only covered the surface. For example, a well-defined nanostructure was 
formed by electrodeposition of poly(3,4-ethylenedioxythiophene) (PEDOT)-graphene oxide 
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nanosheets on the electrode surface. The highly porous composite film comported well-dispersed 
pores and its high surface area provided a proper matrix for enzyme immobilization. After entrapping 
laccase, the pores were filled with enzyme and the porous structure was not much visible. This 
indicates a successful enzyme immobilization, but also raises the question of whether pores may be 
closed.[44] Similarly, the nanostructure formed by vertically aligned CNTs on a composite aluminium 
foil/polymer was erased by addition of GOx.[45] Magnetic Fe3O4 nanoparticles covered with 
carboxymethylated chitosan could be individually resolved, and laccase addition resulted in much 
bigger clusters.[46] In another study, PEDOT-microspheres were decorated with platinum nanoparticles 
clearly visible by SEM. Upon GOx addition, a blurry surface with less visible nanoparticles was 
observed.[47] Upon urease immobilization on graphene oxide sheets, the sheet-like structure became 
more “regular” and features like aggregates or bundles appeared.[48] When horseradish peroxidase 
(HRP) was immobilized on a network of polyaniline nanotubes grown on glassy carbon, the surface 
appeared more “compact and undulant”.[49] In the same article, the use of transmission electron 
microscopy is worth mentioning since patterns corresponding to HRP could clearly be distinguished on 
the nanotubes (Figure 1). The presence of individual enzymes on nanotubular nucleoproteins could 
also be visualized by SEM.[50]  
 
Figure 1 - TEM Images of: a- Polyaniline nanotubes (PANT); b- Horseradish peroxidase (HRP) and c- HRP 
immobilized at PANT. Reproduced with permission from reference [49] 
2.2- AFM 
Redox active biomolecules (cytochrome b562) covalently attached on carbon nanotubes have also been 
visualized by AFM.[51] To the best of our knowledge, this has not been realized so far for enzymes. This 
latter technique can provide much more information about enzyme coverage, thickness of the enzyme 
layer and even visualization of single enzyme molecules. However, in this part, we mention only 
examples where morphological changes of the electrode surface induced by enzyme attachment were 
visualized. The presence of Cholesterol Oxidase (ChOx) deposited by Langmuir-Blodgett technique on 
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a carbon electrode was attested by AFM imaging, that evidenced a roughness decrease upon formation 
of ChOx films.[52] In the case of layer-by-layer assembly of nanographene / GOx / Chitosan alternated 
with polystyrene sulfonate (PSS) on gold modified with PEDOT, SEM and AFM were associated to 
determine the surface characteristics of the layers and their thickness.[53] AFM imaging after immuno-
labelling also attested the adsorption of horseradish peroxidase (HRP) on a gold (111) surface 
decorated with a phospholipid bilayer, consistently with negatively charged phospholipids and 
positively charged HRP at the experimental pH (6.5). A primary antibody allowed enzyme recognition, 
while the secondary antibody bore nanoparticles clearly visible as white dots on the AFM image (Figure 
2).[54] When HRP was immobilized via 3 different methods (adsorption, cross-linking, covalent binding) 
on bare or modified polystyrene (PS), AFM showed a clear change in surface morphology upon enzyme 
addition. Moreover, it proved that enzyme homogeneity, distribution or aggregation depend on the 
immobilization method.[55] AFM was also combined to fluorescence microscopy imaging to 
characterize a laccase cross-linked via glutaraldehyde in a polythiophene-based conducting polymer. 
A decrease in surface roughness was evidenced by AFM upon enzyme coating, while the laccase 
molecules appeared as spots in the self-fluorescent polymer.[56] AFM requires mostly planar surfaces, 
however it also allowed to study the presence of laccase on highly-oriented pyrolytic graphite (HOPG) 
after different adsorption times (20 s, 30 min and 24 h).[57] We quote a latter case where individual 
molecules were not distinguished: AFM was used to show changes of surface morphology at the 
different steps of the creation of an electrode made of screen printed carbon covered by chitosan and 
finally by glutathione-S-transferase.[58] 
 
Figure 2 - Contact mode AFM image of a bilayer of horseradish peroxidase (HRP) and 
dimyristoylphosphatidylcholine (DMPC) : a- before and b- after labeling with antibody IgG 10-nm gold 
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conjugate; c- Magnification of a specific area of (b) and d- line-scan profiles indicated in (a) and (c). 
Reproduced with permission from reference [54]   
2.3- Other techniques 
With this aim of attesting the presence of enzymes, other techniques are more anecdotic. STM was 
combined with ATR-SEIRA to study the immobilization of laccase on modified gold electrodes.[59] The 
aim of microscopy was to provide information about the changes in topography and structure of the 
electrode surface associated with chemical modification of the electrode and with enzyme 
attachment. Two different surface modifications were conducted and the enzyme was covalently 
attached via amide bond formation. In both cases, protrusions attributed to single enzyme units were 
observed, although their height was much lower than expected. The enzyme coverage could not be 
evaluated but the two different surface modifications were compared. The higher coverage could be 
explained by the bigger amount of functional groups available for covalent bond formation. SECM also 
allows detecting or localizing enzymes, but most of the time this detection relies on the enzyme activity 
so that only active immobilized enzymes are mapped or detected.[60] We will describe this in more 
details in following parts. Not only SPM or electron microscopy have been used. Catalase molecules 
covalently attached at magnetic beads were evidenced by electrochemiluminescence (ECL) whose 
advantage is resolution due to confinement of the reaction at the electrode surface. A magnet was 
placed under the working electrode chip, divided into 73 microchambers, to attract the magnetic 
beads at the surface of the electrode. H2O2, generated in situ by incomplete O2 reduction at the 
working electrode surface, served both as the enzyme substrate and as a coreactant for ECL with 
luminol as a luminophore. Rapid consumption of H2O2 by catalase results in ECL quenching, which 
allowed sensitive detection of the enzyme down to concentrations as low as 90 fM.[61] ECL was 
recorded with an image intensifier and an electron multiplying charge coupled device (EM-CCD) 
camera mounted on top of an upright microscope. The presence of enzymes in polymer membranes 
was also attested by confocal Raman microscopy. Raman spectrum allows determining the 
composition of a sample; and a fixed sample volume is observed by using confocal microscopy. A 
laccase air-breathing cathode was constructed by encapsulating a laccase in a modified Aquivion 
polymer deposited on a graphite felt. Spectral features associated with the enzyme, the amide I band 
at 1673 cm-1 and features associated with vibrations of functional groups near the enzyme active site, 
were evidenced. This technique could enable in the future both quantification of the enzyme and 
studies of its active site with a spatial resolution approaching the diffraction limit of the excitation 
beam.[62] Finally, we noted one example using fluorescence microscopy. After introducing metal-
organic frameworks (MOF) in an aqueous solution of HRP labeled with fluorescein isothiocyanate 
under agitation, the presence of the enzyme in MOFs was attested by confocal fluorescence 
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microscopy. The respective dimensions of enzyme and MOF cavity are 4x4.4x6.8 nm3 and 5.5 nm in 
diameter. Confocal image of a crystal of MOF (around 2 µm) showed an even distribution of enzyme 
throughout the crystal,[63] which was furthermore confirmed by SEM-EDS images showing even 
distribution of sulfur in the crystal (Figure 3). This characterization was performed before 
immobilization of the enzyme-loaded MOF on a glassy carbon electrode, on which MET was 
established with hydroquinone as a redox mediator. 
 
Figure 3- SEM image of the metal-organic framework PCN-333(Fe). Inset: confocal microscopy image 
of the PCN-333(Fe) after encapsulation of labeled HRP. Reproduced with permission from reference 
[63] 
3- Characterization of the enzyme coverage 
A recurrent problem in enzyme electrochemistry is the difficulty to quantify the amount of 
immobilized/active/electroactive enzyme. Enzyme coverage is however expected to play a key role in 
enzymatic activity, simply considering that in vivo enzymatic reactions take place in crowded molecular 
environments.[64] In the case of direct electron transfer, quantification of electroactive enzymes would 
be possible by the integration of the non-catalytic signal observed in the absence of substrate. 
However, this latter is rarely detected. For example, only two publications relate its observation for 
the enzyme hydrogenase.[6, 65] Therefore, authors most of the time consider that enzyme quantity is 
below the electrochemical detection limit. QCM and SPR are appropriate tools to determine the mass 
adsorbed at the electrode surface. The coverage can also be calculated or at least approximated thanks 
to microscopy techniques, by counting the number of molecules per unit of surface area of the 
electrode as soon as individual molecules can be distinguished. This was realized as early as 1998 by 
AFM that showed individual molecules of catalase physisorbed or covalently attached on gold modified 
by self-assembled monolayers (SAMs) of thiols bearing three different chemical end functions. As 
expected, the coverage extent was greatly influenced by the SAM nature and bond, varying between 
38% for physical adsorption on short chain carboxyl-terminated SAMs and 100% for covalent bonding 
on mixed SAMs.[66] If it is not always possible to count the molecules, at least observing the interval 
19 
 
between molecules or the presence of voids indicates if full layers are formed. Myrothecium verrucaria 
bilirubin oxidase (BOD) and Trametes hirsuta laccase were adsorbed on bare gold surfaces from 
enzyme solutions at different concentrations, and the samples were studied by AFM in liquid cell. Au 
grains were observable by AFM and a homogeneous and full coverage was obtained upon enzyme 
adsorption from concentrated solutions. Smaller concentrations led to sub-monolayers. AFM would 
therefore enable the measurement of enzyme adsorption isotherms on the electrode surface. Also, no 
desorption was observed over 1h, confirming the irreversible character of adsorption on gold.[67] The 
adsorption of lactate oxidase on glassy carbon or highly oriented pyrolytic graphite (HOPG) was also 
characterized by AFM: at short adsorption time incomplete monolayers where enzymes aggregate 
laterally were formed, so that full monolayers were observed for longer adsorption times (Figure 4).[20]  
 
Figure 4- AFM images in tapping mode in buffer of lactate oxidase adsorbed on HOPG. A- Incomplete 
enzyme layer. B- Full enzyme layer. Reproduced with permission from reference[20] 
Determining the height of the protein layer can also tell if enzyme monolayer or multilayers are 
formed. The presence of a monolayer of Aquifex aeolicus membrane-bound hydrogenase on an 
electrode modified with hydrophobic SAM was for example revealed by AFM.[11a] A similar indication 
was obtained with another globular enzyme, Ralstonia eutropha membrane-bound hydrogenase, 
immobilized on a gold electrode.[68] Trametes versicolor laccase was immobilized on gold following 
three different strategies: adsorption, covalent attachment, encapsulation in a three-dimensional sol-
gel matrix. AFM allowed saying if enzymes formed monomers or aggregates (thanks to lateral 
resolution of the spots), if enzyme layers were compact, and if monolayers were formed.[69]  Adsorbed 
enzymes formed a compact layer on top of which SM or aggregates accumulated (height values > 10 
nm). More or less the same was observed upon covalent binding, except that the aggregates seemed 
to concentrate at the grain boundaries. Sol gel built a 20-75 nm-thick matrix in which laccase molecules 
were stacked at different depths. Therefore, much more molecules were immobilized with this latter 
strategy.[69] Homogeneity, distribution or aggregation was also shown by AFM to depend on 
immobilization method for HRP bound on polysaccharide via three different methods (adsorption, 
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cross-linking, covalent binding).[55] After deposition of nitric oxide synthase oxygenase solution at pH 7 
or 8.6 on positively charged polyethyleneimine (PEI) on HOPG, AFM imaging in ambient conditions 
showed more enzymatic clusters at higher pH. This is consistent with an electrostatically driven 
immobilization of the enzyme, which is more negatively charged at higher pH.[70] AFM was also coupled 
to electrochemistry to reveal the impact of spatial organization at the nanometer scale to enzymatic 
activity of GOx immobilized on bacteriophage virus used as a platform on gold electrodes.[71] 
Surface coverage can also be deduced from STM images, as was done for Achromobacter xylosoxidans 
nitrite reductase (Ax NiR)[72] or Escherichia coli cytochrome c nitrite reductase (Ec cyt.c NiR).[73] In situ 
STM image of Ec cyt.c NiR immobilized on Au (111) showed that the density of enzymes was below the 
monolayer coverage: 0.5±0.1 pmol.cm-2, which agreed with the fact that it could not be detected in 
cyclic voltammetry. This coverage estimation enabled further calculation of kinetic constants.[73] STM 
images also allowed estimating coverages of E. coli copper efflux oxidase on a gold electrode, and 
showing that they depend on the SAM chemistry.[74] 
4- Enzyme localization 
Studying the distribution of enzyme localization is important to help fundamental understanding and 
characterization of bioelectrochemical devices. It can also give clues about the efficiency of the 
modification method for the biomolecules. If not all enzymes are submitted to the same (and optimal) 
environment, they are not likely to be able to all work in optimum conditions. Not only are the 
electrode materials presumably heterogeneous, but enzyme deposition methods can lead to 
heterogeneities. It is important to understand where enzymes preferentially immobilize on planar 
electrodes: is it on the well-defined surface or rather on defects? If a drop of enzyme solution is 
deposited at the electrode surface and left to dry, concentration of enzyme should not be the same at 
the center and peripheries due to equilibrium forces. It is also difficult to realize homogeneous 
chemical modifications of electrodes. Are enzymes preferentially immobilized where the modification 
is effective or not? The problem becomes even more complex when tridimensional electrodes are used 
and several questions arise. Does the enzyme stay on the surface of the 3D network or does it 
penetrate the pores? Is the enzyme distribution in the volume sample homogeneous or is there a 
gradient of enzyme concentration inside the pores? Could the enzymes clog the pores, as already 
mentioned? 
4.1- Scanning Probe Microscopies 
Here again SPM can be used, however it is quite rarely reported due to the long times required to scan 
the entire surface of an electrode. The following case is interesting although it does not deal with 
enzymes. Mapping of redox marked proteins on conductive surfaces was realized by “molecular 
21 
 
touching AFM-SECM”. The AFM-SECM probe allows combining force sensing by AFM in tapping mode, 
and SECM for the electrochemical detection or redox-tagged immobilized biomacromolecules. Regular 
patterns of redox-marked protein domains were drawn on the surface and accordingly imaged. The 
technique associates AFM high resolution and SECM selectivity, and allows discriminating between the 
redox marked proteins and inactive spots with similar dimensions. The resolution was in the 100 nm 
range, and sensitivity in the 10-12 mol.cm-2 protein coverage.[75] Some examples of enzymatic electrode 
studies are reported. Laccase was covalently immobilized via amide or amine bonds on amorphous 
carbon nitride. In the case of amide bond, three different zones were observed: bare carbon nitride; 
enzyme layer; and zones in-between that were attributed to deformed enzymes. The attribution was 
realized thanks to the correlation between AFM topography image and estimation of height profile via 
nanoscratching. In the case of amine bond, a full layer of enzymes was formed.[76] An Os-polymer film 
decorated with gold nanoparticles was imaged by AFM prior to and after incubation in a GOx solution. 
A clear change in the morphology of the film was observed and GOx seemed to predominantly adsorb 
on AuNPs rather than on polymeric domains. This explained why a higher activity was obtained 
compared to polymer alone, where an even distribution of the enzyme was observed.[77] Finally, the 
evolution of localization of poly(3-hydroxy-butyrate)depolymerase on poly-L-lactic thin films during 
adsorption was imaged over time with time-resolved AFM. The enzyme was shown to first gradually 
cover the surface, and then to form a 2-D network with molecules attaching laterally to each other.[78] 
4.2- Fluorescence Microscopy 
Fluorescence microscopy has also proved useful although its use remains quite rare. Distribution of a 
labeled enzyme in different polymer matrices[79] or in carbon fibers[80] was studied using confocal laser 
scanning fluorescence microscopy (CLSM). CLSM allows rebuilding three-dimensional images of 
optically transparent samples by stacking planar images recorded at different focal planes. In the case 
of transparent polymer matrices, it was therefore a non-invasive method: 3D images of the 80 µm-
thick films were realized. However only dried scaffolds were imaged.[79b] In the second case, 2D-
sections of the cut carbon fiber were imaged.[75] Alcohol dehydrogenase,[79a] malate dehydrogenase 
alone[79b] or in cascade with citrate synthase and aconitase[81] were immobilized in 3D macroporous 
polymeric scaffolds[79, 81] based on polysulfonic polymers or chitosan and their hydrophobic derivatives. 
Staining the polymer and labelling the enzyme with different fluorophores allowed visualizing both the 
polymer structure and the enzyme distribution in the matrix. Interestingly, it was shown that enzyme 
distribution was strongly influenced by the polymer charge[79a] or hydrophobicity[79b, 81] but no influence 
of the enzyme tag was detected whatever its charge, suggesting that labeled enzymes behaved as 
unlabeled ones. Finally, in case of enzyme cascades, evaluation of enzyme distribution, co-localization 
and self-aggregation could be performed by exciting separately the different fluorophores. The 
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distance between the different fluorophores, thus the degree of aggregation induced upon 
immobilization in polymer scaffolds, was determined by Förster resonance energy transfer (FRET).[81-
82] The use of fluorescence microscopy to characterize enzyme encapsulated in polymeric 3D scaffolds 
showed that, while it is commonly accepted that the enzyme is homogeneously distributed in the 
polymer matrix, it more often forms aggregates localized in discrete regions (channels…). The method 
finally allowed selecting the polymer that creates a better enzymatic system.[79b, 81-82] Fluorescence 
microscopy was also used to image a cross section of a carbon fiber electrode. Labelled BOD had been 
imbricated in the fiber during the fabrication process by wet-spinning a mixture of CNTs and enzyme. 
CLSM proved that enzyme was indeed present and quite homogeneously distributed in the core of the 
fiber (Figure 5).[80] 
 
 
Figure 5- Images of two cross sections of a carbon fiber electrode containing a labelled enzyme to  
evidence localization of the enzyme in the core of the electrode. Pictures obtained by A- confocal laser 
scanning microscopy; B- optical microscopy and D- Scanning electron microscopy. C- shows the 
superposition of A- and D. Reproduced with permission from reference[80] 
The use of fluorescence to localize enzyme requires the presence of photon-emitting species in the 
enzyme structure. A possibility is to image the endogenous fluorescence of an amino-acid residue 
(tryptophan is well-known to emit between 300-350 nm) or of a cofactor (such as flavin cofactors). To 
the best of our knowledge, this has never been reported to this purpose. Therefore it is necessary to 
tag the enzyme. In the reported studies, a fluorescent label was covalently linked to the enzyme. It 
must be noted however that the tag efficiency remained quite poor.[80-81] Another possibility is to 
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merge the protein of interest with a fluorescent protein such as the green fluorescent protein (GFP) 
and similar proteins. This has proved efficient for in vivo localization of proteins[83] but we might expect 
that purification of the merged complex would be complicated. Indeed enzymes of interest have 
molecular weight around 50-100 kDa which makes a 30 kDa tag in the shape of a barrel of beta sheets 
not negligible. Moreover, it is highly probable that in that case the labeled enzyme would not behave 
as the unlabeled one. To conclude, this method is extremely interesting since it is one of the rare non-
destructive ways to study enzyme immobilization in a 3D matrix. However, it is constraining in that the 
matrix needs to be optically transparent. 
5- Morphology of immobilized enzymes 
Conformational distortion upon enzyme attachment may induce loss of activity, so it is important to 
correlate adsorption protocols to changes in morphology and biological activity. SM observation of 
proteins also allows characterizing if enzymes possibly change shape/flatten upon immobilization at 
the electrode surface, by comparing dimensions given by X-Ray crystallography and dimensions 
observed by microscopy.  
5.1- STM 
Description at the molecular level of E. coli cyt.c nitrite reductase, a decaheme containing homodimer 
that reduces nitrite into ammonium, immobilized on monocrystalline gold was performed by STM. 
Without nitrite, 10 nm-wide regions with 5-15 nm lateral dimensions were distinguished, which agreed 
well with crystallographic data, although a little bit bigger. The authors explained that this observation, 
which is quite common, arose either from water layers surrounding the protein or from tip 
convolution. Interestingly, in the presence of the nitrite substrate, the molecules appeared smaller: 
the enzyme structure was more compact.[73]  
5.2- AFM 
AFM in tapping mode under liquid conditions allowed comparing the morphological characteristics of 
a lactate oxidase enzyme adsorbed on carbon electrodes in full or incomplete monolayers. In 
incomplete monolayer on HOPG, enzymes were seen both as isolated and laterally aggregated 
molecules whose height was approximately 3.5-4.5 nm. In full monolayer on HOPG and glassy carbon, 
the protein lateral dimension was 5-8 nm, while the layer thickness was estimated between 4-6 nm, 
thus a little bit higher than in incomplete layers. The tip-induced deformation during AFM imaging was 
considered negligible.[20]  Similarly, spherical features approximately 3 nm-high were observed when 
Aquifex aeolicus membrane-bound hydrogenase immobilized on hydrophobic SAM was examined with 
AFM.[11a] AFM also showed that Trametes versicolor Laccase forms upon adsorption a compact layer of 
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globular structures with characteristic lateral size in the 5-8 nm range.[69] A small enough tip is 
necessary to get consistent dimensions and thus conclude on the morphology: it was for example 2 
nm in the above-mentioned study.[69] The morphology of Myrothecium verrucaria BOD and Trametes 
hirsuta laccase adsorbed on bare gold surfaces was studied by AFM in liquid cell. For both enzymes, 
globular features around 20 nm in lateral dimension were observed, which is much bigger than the 
expected 4-6 nm. This was interpreted as aberrations due to size of the tip, which was 20 nm in 
diameter. The height was also smaller than expected, which was attributed to tip compression effect. 
No conclusion about the size was possible with AFM alone, but in conjugation with ellipsometry, 
electrochemistry and enzymatic assays it suggested a flattening of enzyme on gold surface upon 
adsorption.[67] In the study already mentioned above where a laccase was immobilized on amorphous 
carbon nitride, correlation between AFM topography image and estimation of height profile via 
nanoscratching allowed detecting deformed enzymes standing flat on the surface.[76]  
6- Enzyme orientation at the electrode surface 
We already described the contribution of microscopy to study enzyme orientation in a previous 
review.[3] Therefore, we will here only briefly summarize the main articles. Moreover, since we had left 
over some references in our previous work, we will take the opportunity to introduce them here. 
Orientation is a major issue when trying to establish direct electronic connection between an enzyme 
and an electrode, due to the enzyme large molecular size and the anisotropy of its electronic 
properties. This latter results from heterogeneous distribution of redox active sites (catalytic active 
site or electron relays) in the protein structure. Marcus theory, which states that the rate of electron 
transfer depends on the distance between electron donor and acceptor, can be adapted to the special 
case of enzymes immobilized on an electrode. Usually, a distribution of molecule orientations on the 
surface results in a distribution of electron transfer rates for electronically addressable enzymes.[84] 
However if enzymes are randomly orientated, and if we consider a maximum tunneling distance of 14 
Å,[85] the large majority of immobilized enzymes should not be able to directly exchange electrons with 
the electrode. Therefore, various strategies have been developed to force the enzyme to adopt a 
specific orientation. The electrode surface can be chemically modified to mimic the protein natural 
environment, its physiological partner or substrate. Chemical modifications can also induce 
electrostatic interaction that fit with the enzyme dipole moment. Specific covalent binding can lead to 
preferential orientation. It is important to check the efficiency of these rational methodologies. A first 
approach based on pure electrochemistry consists in comparing the ratios of DET and MET obtained 
with a mediator. Further information can be extracted from the electrochemical signal by modeling to 
determine the β factor that gives clues about the distribution of orientations.[86] Surface infra-red 
spectroscopy methods like ATR-FTIR, PM-IRRAS are also interesting tools because different 
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orientations of enzymes result in different ratios of amide I/amide II bands in the spectrum so that a 
mean orientation can be extracted from the spectrum.[11a, 76, 87]  
Microscopy also offers some possibilities. Orientation can be determined by looking closely at 
individual molecules thanks to single-molecule microscopy, or by measuring height profiles of an 
enzyme monolayer.  
6.1- AFM 
Studying protein orientation with AFM is theoretically possible either directly or indirectly. Direct 
measure of the height profile of the protein layer by AFM gives information about orientation only if 
one dimension of the enzyme is larger than the other ones, and is therefore not a valuable method for 
globular enzymes. An indirect way is to use antibodies that bind to a specific region of the protein. 
Measuring the volume of the protein / protein-complex, or the height profile of the protein layer, allow 
to decipher if the antibody is present and therefore to deduct the orientation of the protein.[88]  
In the case of enzymes, we could only find articles relating to the first strategy, and therefore only 
enzymes with specific shapes are concerned. AFM tapping mode in air was used to study the 
orientation of GOx, an elliptic enzyme with a small axis of around 6-8 nm and a long axis about 10-14 
nm, on plasma polymerized thin films of hexamethyldisiloxane (HMDS) with different surface 
properties. When HDMS was hydrophobic and neutral, an incomplete enzyme coverage was recorded 
together with a protein height of 9-14 nm. This indicated that GOx was perpendicular to the surface, 
consistently with the interaction between the surface and GOx hydrophobic domain (Figure 6). For 
hydrophilic and positively charged HDMS, a compact layer with GOx disposed parallel to the surface 
was observed (Figure 6). The same orientation could be recorded for hydrophilic and negatively 
charged polymers, with however isolated molecules. The two latter cases are consistent with the 
creation of electrostatic interactions, since the enzyme pI is 4.2.[89]  
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Figure 6- Tapping-mode AFM images and cross-sectional surface profiles of plasma-polymerized films 
(PPFs) of hexamethyldisiloxane (HMDS) after GOx adsorption. A- Hydrophobic and neutral pristine HMDS 
PPF (denoted HMDS-GOD on the figure); B- hydrophilic and positively charged HMDS PPF obtained by 
nitrogen plasma treatment (HMDS-N-GOD). The square in the 500-nm scale image of A (top left) 
corresponds to the enlarged 200-nm scale image view (top right). The arrows in B indicate a single GOx 
molecule. The red triangles in A and B correspond to those in the cross-sectional profiles. The lower insets 
in A and B are schematic illustrations of the enzyme orientation on the surface. Reproduced with permission 
from reference [89] 
A homogeneous layer suggesting a uniform enzyme orientation due to specific binding was also 
observed by the same technique when glycosylated HRP was covalently bound on a mixed SAM. The 
covalent binding was realized via epoxy groups (boronate) while the affinity for sugar mannose likely 
ensured the specific orientation of the enzyme.[90] A xanthine oxidase, with dimensions 17x17x9 nm3, 
was either adsorbed on gold or covalently linked on DTSP-modified gold via an outer lysine placed at 
the end of the longer axis. The resulting height distribution was studied by AFM and two results were 
observed. The height of 80% of the enzymes adsorbed on gold was between 5-9 nm, consistently with 
an orientation of the longer axis parallel to the surface. A wider distribution of heights was observed 
for immobilization on DTSP, with a maximum of enzymes showing a height between 14-15 nm, which 
indicated that the longer axis was perpendicular to the surface.[91] A recombinant HRP was attached to 
a gold electrode via a tag situated at different positions with respect to the heme active site. Different 
height profiles of the proteins, observed by AFM measurement in liquid, indicated that different 
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binding points lead to different orientations of the proteins.[92] AFM also elucidated the orientation of 
the NiFeSe membrane-bound hydrogenase from Desulfovibrio vulgaris Hildenborough on a gold 
electrode modified with SAMs and a lipid bilayer.[93] This hydrogenase is characterized by the presence 
of a lipidic tail at the opposite of the distal 4Fe4S cluster, the exit point of electrons. The enzyme is 
elongated and the longer dimension corresponds to the axis 4Fe4S cluster-lipidic tail. Depending on 
the immobilization method chosen, different orientations were observed. When the electrode, first 
modified with SAMs and a lipid bilayer, was incubated in a hydrogenase solution, the longer dimension 
was vertically oriented with the lipidic tail inserted in the lipid bilayer. On the contrary, when the 
electrode was co-incubated in a solution of hydrogenase and phospholipids, the 4Fe4S cluster was 
supposed to be oriented towards the electrode, while the hydrogenase lipidic tail was inserted in the 
lipidic bilayer on top of it.[93] The same enzyme was combined with E. coli F1F0 ATP-synthase inserted 
in the lipid bilayer overhanging it. The F1F0 ATP-synthase consists of a large soluble domain and a 
smaller membrane domain. AFM indicated a unique orientation of F1F0 ATP-synthase with its soluble 
domain directed towards the outer of the membrane.[94] The bacterial respiratory complex I from 
Rhodothermus marinus, a L-shaped 2-domain protein, was reconstituted in a biomimetic membrane 
on a gold electrode. AFM evidenced that the hydrophilic part of the protein extended outside the 
lipidic membrane, and the recorded size suggested that the L was flexible.[95]  
6.2- STM 
We could also find an example relying on the use of in situ STM. SM resolution of E. coli cyt.c NiR 
immobilized on Au(111) was achieved under electrochemical potential control in conditions of 
enzymatic electrocatalytic activity, and enabled among others the characterization of orientational 
distribution. A distribution of lengths characteristic of distribution of orientations was observed, which 
could also explain the very low kcat measured at the electrode, 30 s-1 compared to 770 s-1 in 
homogeneous medium.[73] 
6.3- SECM 
Finally, we report here two studies relying on SECM to characterize a preferential orientation enabling 
DET.[96] In the first,[96a] human ceruloplasmin (Cp), a ferrous iron-oxidizing enzyme containing 6 Cu 
centers was immobilized at a gold electrode modified by magnetic nanoparticles. [Fe(CN)6]4- was 
oxidized by the enzyme immobilized on the sample electrode poised at 250 mV vs. Ag/AgCl, a potential 
ensuring Cu oxidation in enzyme. The [Fe(CN)6]3- is detected at the tip UME poised at 80 mV vs. 
Ag/AgCl. On bare gold, Cp is inactive towards ferrous iron oxidation; the highest activity is obtained in 
presence of nanoparticles and a magnetic field. The registered tip current is specific of Cp since it 
decreases in presence of F-, which is known to inhibit the enzyme. This result proves that the enzyme 
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takes a specific orientation in the described conditions. Almost the same principle is applied in the 
second study, however the immobilization is realized in two steps.[96b] The orientation of cytochrome 
c peroxidase (CcP) is favored by controlling the orientation of its electron transfer partner cytochrome 
c (cyt c) at an electrode and immobilizing the CcP by docking with cyt c. To immobilize this latter, two 
different covalent bindings are compared. The formation of amide bond between a SAM bearing 
carboxylic groups and lysine from the protein is tested but it rises two problems. It is not selective due 
to the presence of three lysines in the protein structure, and the binding could alter docking due the 
position of the most reactive lysine. On the contrary, the linkage between maleimide and a cysteine 
residue is selective since only one cysteine is present, and it should not alter the docking. The 
orientation of cyt c is verified by SECM: a potential is applied to the electrode to reduce the cyt c, while 
the UME detects the oxidized [Fe(CN)6]3- formed by cyt c. The current at the UME is a measure of the 
DET between cyt c and the electrode. The CcP is then immobilized by docking with cyt c. SECM in 
enzyme mediated feedback mode is further carried out to check the activity of immobilized enzyme. 
UME reduces benzoquinone (BQ) to hydroquinone (HQ), and CcP reduces H2O2 to H2O and oxidizes HQ 
to BQ. A significant activity is recorded with the 2nd strategy while it is very low in the absence of CcP 
or with the 1st strategy. 
7- Imaging of local redox activity / Mapping heterogeneity  
Local redox enzyme activity was recorded in a live cell with conducting AFM[97] and enzymatic activity 
in a single cell was also imaged using SECM[98] We report here imaging of local activity of purified 
enzymes immobilized at the surface of an electron conductor in contact with an ionic conductor 
(electrolyte). We call therefore in the following this electron conductor an electrode although not all 
these surfaces are used as electrodes. The existence or not of an electron transfer, and its modality 
(direct or indirect electron transfer), influences on the choice of the method adopted to characterize 
the electrode. If direct electron transfer is established, activity mapping informs the experimenter 
about how the enzyme activity or its ability to exchange electrons are influenced by its localization, 
the inhomogeneity of the electrode surface or the inhomogeneity of enzyme immobilization. Purposes 
are somehow different if no electron transfer or only indirect electron transfer occurs. In these cases, 
the goal is rather to check if immobilization influences on enzyme catalytic activity, and if the substrate 
has access to the whole enzyme population. Many studies compare different immobilization methods. 
The notion of heterogeneity in enzymatic catalysis has quite little been examined so far. In a few cases, 
the heterogeneity of enzymatic activity has been studied for enzymes immobilized at a surface via 
scanning probe microscopies.[25d] Mapping biocatalytically active surfaces was most of the times 
realized with SECM, in some cases in conjugation with a second technique. Contrary to AFM, SECM 
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local study of enzyme mostly relies on the detection of enzyme activity. SECM correlates activity and 
localization, and permits to analyze enzyme activity at a well-defined location. Studies in SECM are not 
always conducted on conductive surface, due to technical problems for example with feedback-mode, 
but results could be easily transposed to the configuration where enzymes are connected in MET at 
electrodes. Of course, the issue is quite different when DET has to be established. SECM can be 
performed in different operating modes (described in part 1- Microscopy… and nanoscopy). We 
present first the case where no electron transfer occurs between the enzyme and the surface, with the 
following sub-division in three parts: 1- Feedback mode, 2- GC mode and 3- Hybrid methods. Then we 
present studies where electron transfer occurs, mostly realized in the redox competition mode. We 
describe the SM studies of enzymatic mechanism under electrochemical potential control in the next 
part (8- Mechanism, structure motion, conformation). 
7.1- No electron transfer between the enzyme and the underlying surface 
7.1.1- SECM in Feedback mode 
Feedback mode was used very early to map enzyme activity. In a study by Heller, Bard and co-workers, 
the pores of a polycarbonate filter membrane were filled with a mixture of HRP and hydrogel. The 
activity was recorded by SECM in enzyme-mediated feedback mode. Hydroquinone electro-generated 
at the tip from benzoquinone in solution was catalytically re-oxidized to benzoquinone by HRP in the 
presence of H2O2. High current regions corresponding to pore dimensions were observed and 
surrounded by rings with lower currents. An avidin-labeled hydrogel was also immobilized on a glass 
slide, and biotin-labeled HRP was conjugated to the avidin in the film. The SECM feedback current was 
a linear function of the HRP surface concentration.[99] Biotinylated PQQ-dependent glucose 
dehydrogenase (GDH) bound to streptavidin-coated paramagnetic beads were deposited as 
microspots at a surface. After finding the location of micro spots of active enzyme on the surface, the 
authors elucidated kinetics of the immobilized enzymes. The procedure enables quantitative analysis 
of GDH catalysis. First the analysis was conducted in enzyme mediated feedback mode, which 
necessitates high surface enzyme concentrations. The difference of size of spots in optical microscopy 
(around 100 µm) and in SECM (around 150 µm) was attributed to some blurring due to products 
diffusion. Sensitivity was enhanced in GC mode compared to feedback mode, however the lateral 
resolution was lower and the spots appeared even bigger. Another interesting input of the study is the 
demonstration that the mediator choice influences the sensitivity.[100] Planar electrodes and more 
complex matrices can be imaged, and SECM can be coupled to other methods to deconvolute 
topographical and reactivity information. To eliminate topographic artifacts, AFM and SECM 
observations were coupled. Lactate oxidase simply adsorbed on HOPG or glassy carbon was 
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characterized by AFM under liquid conditions, while spatially resolved mapping of enzymatic activity 
was obtained by SECM. SECM was used in feedback mode, following the oxidation of the mediator at 
the tip in the presence or absence of lactate, to determine the influence of immobilization on 
morphological and catalytic properties of the enzyme. The combination of AFM, SECM and cyclic 
voltammetry was used to correlate deposition procedures to changes in morphology and biological 
activity. Spatially inhomogeneous enzyme activity was observed.[20] A sol-gel film containing BOD and 
laccase was also imaged by several techniques: SECM and CLSM. The enzyme distribution and activity 
were studied by SECM in feedback mode with ferricyanure as a mediator and a Au UME. Approach 
curves were recorded at the center and at the edges of the film, showing that laccase displays a higher 
activity and higher concentrations at the borders of the film. Moreover, CLSM indicated that the film 
thickness was increased at the edges due to edge effect.[101] In another study, hybrid scanning ion 
conductance microscopy (SICM)-SECM enabled resolving the distribution of activity of enzyme spots 
containing HRP and GOx on an uneven surface with sub-micrometric resolution. The probe was a 
nanoring electrode surrounding a nanopipette for simultaneous recording of topography and 
electrochemical reactivity. SECM was conducted in SG/TC mode for HRP and in feedback mode for 
GOx. Topographic and activity images were in good agreement, displaying a ringlike structure with 
higher activity at the edges.[102]  
SECM mainly uses UME so typically a micrometric resolution is reached. In the last few years, nanoscale 
SECM, which requires fabrication of geometrically well-defined nanoelectrodes from different 
materials (mainly platinum, although carbon’s importance cannot be denied[27b, 103]), has been 
developed.[27b] The nanoscale tips show enhanced transport rates, lower double-layer capacitances, 
and better S/N ratios. Pt nanoelectrodes with a diameter around 120 nm have been developed to map 
activity of immobilized enzymes at the nanoscale level. Lactate oxidase (LOx) adsorbed on bare gold 
or covalently attached to SAM on gold has been investigated in enzyme-mediated feedback mode in 
the presence or absence of lactate. In the case of enzyme adsorption, clear peaks were observed, 
indicating the relative positions of catalytically active LOx molecules. The small amount of functional 
enzyme was attributed to activity loss upon adsorption. In the case of covalent binding, enzymes were 
much more densely packed and their activity was observed over columns or arrows. The higher total 
activity indicated less denaturation.[104] 
7.1.2- SECM in GC mode 
SECM in GC mode has for example enabled imaging micrometer-sized spots of GOx covalently 
anchored on Au. Defects were introduced in a SAM, and new functionalities were introduced in these 
defects to allow GOx covalent anchorage. H2O2 generated by the enzymatic reaction at these sites was 
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collected by the platinum tip in the SG/TC mode.[105] In a further study, local imaging of enzymatic 
activity of HRP micropatterns periodically disposed was realized, and immobilization procedures to 
better retain the enzyme activity were evaluated. Micropatterns of enzyme mixtures containing HRP 
or GOx were obtained on chemically modified surfaces (glass or gold) by different soft-lithographic 
strategies. SECM evidenced patterns of 100 x 100 µm2 separated by 50 µm intervals (Figure 7).[106] 
Similarly, SECM was used in TG/SC mode to screen oxygen reduction activity on arrays of “wired” 
enzyme spots, BOD and laccase, on a carbon electrode for optimization of the polymer/enzyme 
mixture.[107] Enzymes were immobilized on the electrode surface in an Osmium-polymer matrix whose 
ratio varied within the array. Using the GC mode, a gold UME tip biased positively to produce O2 from 
water was scanned above the enzymatic array. The authors found the optimal weight ratio for the two 
enzymes at which the oxygen reduction rate was close to the diffusion limit. SECM saves time and 
material compared to conventional methods like the rotating disk electrode to analyze different 
systems.[107] SECM imaging of photosystem I (PSI) adsorbed on SAM film on a micro-patterned gold 
surface proves selective adsorption of PSI onto hydroxyl-terminated SAM rather than the methyl-
terminated SAM. [108] On planar surfaces, SECM in GC mode was used to characterize local activity and 
stability of HRP and GOx covalently bound on transparent and biocompatible TiO2 semi-conductor 
surface chemically or electrochemically generated. The method allowed comparing the efficiency of 
enzyme attachment on the TiO2 prepared in two different manners because currents recorded at the 
UME significantly differed between the two surfaces.[60] In another case, reduction of ferrocinium 
methanol produced during enzymatic H2O2 reduction was measured at a 300 nm radius Pt probe to 
image the distribution of enzymatic activity of HRP covalently attached over individual Au nanowires 
(2-3 µm long and 140 nm in diameter). Enzyme activity was detected all over the individual wires but 
was more important at the ends. This was consistent with AFM observations that evidenced larger 
concentrations of HRP molecules at the nanowires extremities (Figure 7).[109] 
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Figure 7- SECM imaging of localized enzymatic activity. Left panel: Localized HRP (A) and GOX (B) 
activity on patterned monolayers on gold (A) or glass (B); Right panel: Images of individual HRP-linked 
AuNWs immobilized on a gold-coated glass slide. In A and B, patterns are squares of 100x100 µm2 
separated by 50 µm-wide lines. HRP was bound to the lines between the squares (A), and GOX was 
bound to the squares (B). (A) HRP activity recorded in GC mode in a solution of 5 mM 
hydroxymethylferrocene + 0.1 M KCl with (top surface) or without (bottom surface) 0.5 mM H2O2. rTIP 
= 12.5 µm, ETIP = 0 mV (B) GOX activity recorded in GC mode in air-saturated phosphate buffer, pH 7 
with (top surface) or without (bottom surface) 50 mM glucose. rTIP = 12.5 µm, ETIP = 750 mV.  (C) SECM 
in SG/TC mode at Eprobe= 0 V probe potential after the addition of the enzymatic substrate H2O2.The 
images were recorded with a 300 nm radius probe at a scan rate of 5 mm s-1 in 1.5 mM 
ferrocenemethanol solution in pH 6. (D) Representative AFM image of the same substrate as in C. 
Reproduced with permission from reference [106] and [109] 
Specifically modifying the probes can enhance their selectivity. Modifying a UME tip with Prussian blue 
to characterize the activity of GOx adsorbed on platinum by SECM in GC mode enhanced sensitivity, 
spatial resolution and image quality.[110] The same electrode modification was conducted to map 
biocatalytical activity of lactate oxidase immobilized in various polymer matrices. Micrometric spots of 
lactate oxidase-containing siloxane sol-gel were deposited on carbon paste materials. The influence of 
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sol-gel density on the activity of the contained enzyme was studied to search for optimal 
immobilization conditions. The carbon paste UME SECM tip was modified with Prussian blue for more 
sensitive detection of H2O2 formed during the enzymatic reaction in the presence of lactate. To avoid 
topographic artifacts, imaging was moreover performed in contact mode with a soft probe. Soft 
microelectrodes indeed enable contact scanning at constant distance, without risk of damaging the 
sample or the tip.[111] More recently, the detection of local hydrogen evolution by a hybrid biocatalyst 
based on PSI and platinum nanoparticles immobilized in a redox polymer on a gold electrode has been 
performed by scanning photo-electrochemical microscopy using a hydrogenase-modified 
microelectrode. Briefly, a mixture of hydrogenase and viologen-modified redox polymer was 
immobilized at a carbon microelectrode inserted in a glass capillary, which upon scanning ensured 
both the local illumination of the sample and the local detection of H2 (Figure 8).[112]   
 
Figure 8- Scanning photo-electrochemical microscopy (SPECM) scans of a spot of PSI and platinum 
nanoparticles immobilized in a osmium-complex redox hydrogel partially covering the gold sample 
surface. The frames show the hydrogen oxidation current recorded at the SPECM tip modified by the 
mixture of Desulfovibrio vulgaris Miyazaki F [NiFe]-Hydrogenase and viologen redox polymer A- in the 
dark and B- under localized illumination of the sample through the positioned SPECM tip. Electrolyte 
is Ar-saturated pH 5.0 phosphate-citrate buffer. Both tip and gold sample surface are polarized at 0 V 
vs. Ag/AgCl/3 M KCl. Reproduced with permission from reference [112] 
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We wish to introduce here a last example relying on the same technique and proving the interest of 
microscopy, although it does not fit in any part of the adopted plan: the characterization of diffusion 
layer of substrates and products of enzymatic reaction (Figure 9).[113] This was realized for a glucose 
oxidase (GOx), which couples the oxidation of glucose into gluconolactone with the reduction of O2 
into H2O2. After GOx immobilization on an insulating surface, SECM in GC mode or Redox-competition 
mode allowed characterizing respectively where H2O2 diffuses and where O2 is consumed. Variations 
on the range [0-100 µm] from the surface were found in RC mode for local O2 consumption by GOx in 
the presence of glucose. Beyond 100 µm, differences in O2 concentrations compared to what is 
observed in the absence of glucose are very slight. H2O2 diffusion extends much further since at 10 
mmol.L-1 glucose, H2O2 production is seen in GC mode until 600 µm from the surface. Although not 
realized under electrochemical potential control, this study gives clues about the extent of the 
diffusion layer in catalysis by immobilized enzymes, which is also of major importance for 
electrochemical phenomena. 
 
Figure 9- Spatial distributions of a reactant (O2) and a product (H2O2) during glucose oxidation catalyzed 
by an immobilized GOx. A- Dependence of O2 reduction current at the UME tip held at Etip = -0.6 V vs. 
Ag/AgCl on glucose concentration at different tip distances from the GOx-modified surface. B- H2O2 
concentration profile obtained by recording H2O2 oxidation current at the UME tip held at Etip = +0.6 V 
vs. Ag/AgCl when approaching the GOx-modified surface in the presence or absence of glucose. 
Reproduced with permission from reference [113] 
7.1.3- Hybrid methods 
Alternatively, hybrid probes can be designed to enable simultaneous recording of electrochemical and 
atomic-force signals. The drawback of SECM compared to other SPM is the lack of sufficient lateral 
resolution due to signal-dependent positioning of the micro-electrode and the convolution of 
electrochemical response to topological information by scanning at constant height. An AFM probe 
with integrated nano- and sub-micro electrodes enables simultaneous AFM and SCEM imaging 
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(combined AFM-SECM) and deconvolution of the two signals. Detection of the electroactive byproduct 
at the micro-electrode is a signature of enzymatic activity while AFM in contact mode enables 
topography determination.[114] Micro-patterns (1-2 µm) of isolated enzyme spots were formed by 
covalent binding on periodically patterned silicon nitride layer deposited onto a gold-coated silicon 
wafer. The corresponding HRP activity was localized at the electrode during turnover by topographical 
and activity imaging in a single time and space correlated measurement. The re-shaped AFM tip was 
located in the center of the frame electrode. AFM was conducted in contact mode while SECM 
simultaneously enabled detection of ferrocinium methylhydroxide (FCMH+), the electroactive 
byproduct of the enzymatic reaction.[115] Another method, inspired by a work by Bard and 
coworkers,[116] consisted in coupling SECM with continuous nano-flow[117] to overcome a general 
problem linked to the SG/TC mode: the increasing background current resulting from steady build-up 
of the reaction products in the diffusion layer. At long experience times, activity spots are not anymore 
distinguishable from the background. This study did not deal strictly speaking with an enzymatic 
electrode since it consisted in mapping the repartition of immobilized IgG. However the detection 
relied on enzymatic activity: IgG spots were covered with HRP-labelled anti IgG. The authors designed 
a beveled micro-concentric Au ring electrode (10.9-11.5 µm) which contains an inner injector probe 
(diameter 5.5 µm) to deliver substrate H2O2 and mediator FCMH in the center of the SECM probe. The 
solution flows radially out of the probe so that only the spot imaged is submitted to sufficient 
concentrations and thus activated. This lead to higher imaging resolution because no interference from 
other active sites, which causes overlapping of the diffusion layer, was observed, neither interference 
from the bulk (Figure 10). Moreover, the possibility to put whatever is needed in the capillary ensures 
the versatility of the method.[117] 
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Figure 10- Comparison between conventional SECM in GC mode and continuous nano-flow SECM (CNF-
SECM). A- SECM image of a microarray of HRP-labeled spots. The image is collected by measuring at 
the SECM probe the reduction current at 0.0 V of ferrocinium-methanol formed during the enzymatic 
reaction. The quiescent solution contains 1 mM ferrocene-methanol and 1 mM H2O2. The arrows 
indicate the SECM rastering directions. B- Same region mapped by CNF-SECM. The measurement of 
ferrocinium-methanol reduction is coupled to continuous flow of 1 mM Ferrocene-ethanol and 1 mM 
H2O2 at 15 nL/min into 250 μL of phosphate buffer through the CNF-SECM probe. The top and right 
cross-sectional contours correspond to the spots intersecting with the blue and red lines, respectively. 
Reproduced with permission from reference[117] 
In tip generation/substrate collection mode, SECM enables locally triggering enzymatic activity. This is 
also possible thanks to combination of a scanning microelectrode and light emitting methods, like 
fluorescence or ECL. Local activity controlled via a microelectrode can be recorded via fluorescence. In 
a case where alcohol dehydrogenase (ADH) immobilized on agarose beads on glass presented a 
maximal activity at pH 9, the microelectrode locally reduced O2, which locally increased the pH initially 
set to 6 and thus the enzyme activity. The enzymatic reaction oxidizes ethanol to ethanal and reduces 
NAD+ to NADH which is excited maximally at 340-360 nm and emits at 460 nm. The local activity 
enhancement was recorded by following the fluorescence of the NADH cofactor. To increase the 
spatial resolution, the authors added pyrophosphate buffer to the electrolyte to restrict the expansion 
of the zone of pH change. The highest resolution achieved was 7-12 µm.[118] SECM and scanning 
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electrochemiluminescence (ECL) have been combined to visualize the locally triggered enzymatic 
activity of spots made of glucose oxidase and polymer on transparent surfaces. The luminol 
chromophore was locally oxidized thanks to the SECM tip and a photomultiplier tube (PMT) was placed 
underneath the 3-electrode setup to record the ECL emission. GOx produced locally H2O2 which was 
used in the ECL reaction with luminol. Measurements of local enzyme activity were similar to those 
obtained in SECM, with variations that were attributed to the different mechanisms involved in signal 
generation. Inhomogeneous activity was observed in the enzyme-polymer spot, with a higher activity 
in the ring and a smaller one in the center (Figure 11).[119] 
 
Figure 11: Images of the enzymatic activity of spots made of a mixture of GOx and polymer by means 
of SECM in GC mode (A) and scanning electrochemiluminescence (SECL) (B). (A) GC-SECM image of 
GOx-polymer spots in 100 mM glucose and 0.20 M phosphate buffer (pH 6.8); (B) SECL image of the 
same spots as SECM in 100 mM glucose, 1 mM luminol, and 0.20 M Tris-HCl buffer (pH 8.5) using a 250 
μm Pt disk as tip electrode. Reproduced with permission from reference [119] 
7.2- Electron transfer between the enzyme and the underlying surface 
Before concluding this part, we wish to mention the rare scanning probe mappings of enzymatic 
activity performed under electrochemical control, i.e. while the immobilized enzyme was submitted to 
the electrode potential and could exchange electrons with the electrode. In SECM, either TG/SC or the 
redox competition mode proposed by Eckhard and Schuhmann[31] can be used. In both modes, a signal 
is recorded only if the enzyme is active and can exchange electrons with the electrode on which it is 
immobilized. In feedback mode, an electron transfer to this electrode would interfere with imaging of 
enzymatic activity. SECM in redox competition mode was first proposed in a biocatalytic context for a 
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BOD embedded in an Osmium polymer on a carbon chip.[31b] In this study, the enzyme was entrapped 
in a polymer obtained by electrochemically-induced deposition. During catalysis, electrons were 
transferred indirectly between the enzyme and the electrode via hopping between the neighboring 
redox active osmium sites. By poising both the tip and the carbon chip at a convenient potential, O2 
reduction at the tip is in competition with O2 reduction by the BOD, which allows to record spatially-
resolved BOD activity. In the case of laccase embedded in sol-gel films with[120] or without[121] carbon 
nanoparticles, direct electron transfer with the electrode was established. Water was first oxidized at 
the Pt UME, leading to O2 generation. The probe platinum UME and the enzyme film were then 
competing for O2 reduction. In the absence of CNPs laccase aggregation was observed, as well as 
inhomogeneity.[121] In their presence, control experiments were conducted to take into account 
topographical features that could affect O2 diffusion. A homogeneous activity was recorded, 
demonstrating a homogeneous enzyme distribution.[120] 
8- Mechanism, structure motion, conformation 
Finally, single molecule methods enabled to image single enzymes during catalytic operation. 
Differences were observed between inactive state and turnover,[73, 122] or even different steps of a 
catalytic cycle could be resolved.[123] STM and AFM imaging of biomolecules were realized at 
electrochemical interface in the context of protein monolayer voltammetry (PMV) on modified gold, 
to understand molecular electron transfer and proton transfer process. Most of the time single crystal 
electrodes were used to enhance the S/N ratio in STM.[124] The interest to consider single enzyme 
molecules is to provide a distribution of conformational heterogeneities, and reaction mechanism that 
are not observed otherwise due to averaging. However, SM or SP imaging remains a challenge.[125] In 
most studies described here, enzyme was in direct electronic contact with the electrode.  
8.1- STM 
Scanning tunneling microscopy (STM) was developed in situ during electrochemical enzymatic 
turnover,[73, 122] enabling single enzyme molecule observation and especially observation of 
intramolecular ET triggered by potential or substrate binding.[122] In electrochemically-controlled STM 
(EC-STM), both sample electrode and tip are under electrochemical potential control relative to a 
common reference in aqueous buffer. This is particularly suitable for in situ mapping of electronic 
structures and electronic properties of redox proteins during their biological action such as electron 
transfer or electrocatalysis. Particularly interesting are multi-center redox enzymes like the trimeric 
copper nitrite reductase from Achromobacter xylosoxidans (Ax NiR), a homotrimer containing 2 Cu 
centers per molecule. The T1 Cu acts as an electron relay, while the T2 Cu center is the place of catalytic 
NO2- reduction. Ax NiR was immobilized on Au (111) and studied by in situ STM at the SM level during 
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catalytic action. Molecular scale contrast was observed only in presence of nitrite.[126] In a further 
study, the monocopper-containing azurin and Ax NiR were “wired” at the electrode using a pi-
conjugated thiol for observation of long-range interfacial electron transfer at the nanoscale and single-
molecule level, as well as intramolecular electron transfer in the case of Ax NiR. NiR individual 
molecules could be observed although with a smaller resolution than for azurin, because the size of 
the enzyme implies a large tunneling barrier. The SM contrast of azurin was clearly tuned by redox 
state of the protein, while nitrite was essential to obtain detectable Ax NiR SM contrast. This suggests 
that nitrite serves as a gate for long-range interfacial electron transfer, introducing the notion of 
“substrate gated electron transfer”. This added to observations in PMV suggest that binding of nitrite 
to the enzyme is necessary to ET by opening the tunneling pathway. Intramolecular electron transfer 
presupposes “cooperativity” between the redox centers. Here the rate of intramolecular ET is modified 
by substrate binding, or substrate binding triggers changes in the T2 Cu redox potential thus modifying 
the driving force of the electron transfer reaction. Substrate binding could also enhance the 
conductivity of enzyme molecules.[72] STM description at the molecular level under electrochemical 
potential control in conditions of enzymatic electrocatalytic activity was also achieved for the 
cytochrome c nitrite reductase from E. coli (Ec cyt.c NiR), a decaheme-containing homodimer that 
catalyzes the 6-e- reduction of nitrite into ammonium. Contributions from enzyme molecules with non-
uniform properties could be recorded in constant current mode to establish a map of electron-
tunneling properties of the protein/electrode interface. Vertical projection of an imaged molecule 
represents tunneling current determined by electronic properties rather than topographical 
features.[73] Similarly, laccase immobilized on a SAM-modified Au electrode with direct electronic 
contact could be observed at the SM resolution during electrocatalytic action. An intramolecular 
electron transfer triggered by potential or by O2 binding was observed: reducing potentials open an 
efficient electron-tunneling channel through the enzyme. This potential-induced electron structural 
change in the enzyme is reversible. Moreover, the presence of pure O2 rather than air induces a 
stronger contrast (Figure 12). These observations give clues concerning the mechanism of the 
immobilized enzyme and its interfacial behavior.[122]  
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Figure 12- In situ STM images of laccase from Streptomyces coelicolor immobilized on gold (111) 
modified with butane-thiol under pure oxygen atmosphere. A- Initial image at a potential at which no 
catalytic current is observed (0.84 V vs the reversible hydrogen reference electrode (RHE)): enzyme 
cannot be distinguished. Bias voltage: -0.70 V. B- Image after decreasing the potential in the catalytic 
potential region (0.44 V vs RHE): enzyme appear as bright spots. Bias voltage: -0.30 V. C- Image after 
returning at 0.84 V vs RHE: the bright spots do not completely disappear. Bias: -0.70 V. The tip potential 
was kept constant so that the bias voltage was varying. The scan area was 100 x 100 nm2. Histograms 
D- and E- show the height distribution of the bright spots in (B) and (C), respectively. Height was 
normalized against the maximum height measured in (B). Lines are best fit to a normal distribution. 
Reproduced with permission from reference[122] 
8.2- AFM 
Electrochemically controlled in situ AFM was also developed to address specifically single-molecule 
metalloenzymes and get a direct view on structural changes of the working enzyme under potential 
control in presence of substrate.[123a] Ax Nitrite reductase was immobilized on gold modified by 
cysteamine and direct electronic connection was established. The evolution of height of single 
molecules during cyclic voltammetry was followed by AFM in situ with a nanometric tip (2 nm). A dense 
but disordered monolayer of molecular-scale structures stable over the potential range was observed. 
The size of the molecules was found to change upon potential scanning, from 4.5 nm in the oxidized[124] 
state to 5.5 nm in the reduced state, exclusively in the presence of nitrite substrate. This observation 
suggests conformational change upon substrate binding, and significant conformational change when 
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electrocatalysis sets in upon potential scanning.[123a] We would like to mention also an interesting 
contribution concerning cellobiose dehydrogenase immobilized on gold, although in this case no 
electron exchange occurred between enzyme and gold.[123b] The enzyme consists of two domains 
connected via a flexible linker. The “cytochrome domain” contains a heme: the apo-enzyme was 
immobilized and specifically oriented on gold by reconstituting the enzyme on a heme covalently 
linked to the surface. The protein reconstitution was visualized by high speed AFM (HS-AFM). The other 
domain, the “dehydrogenase domain” contains a FAD. HS-AFM, with sub-second time scale and sub-
molecular lateral resolution, enabled to visualize the interdomain flip-flop motion. Upon addition of 
cellobiose, it becomes clear that one domain is fixed at the surface (the cytochrome domain, since it 
is anchored) while the other (the FAD domain) moves rapidly around it (Figure 12). The motion 
intensity increases with increasing cellobiose concentrations.  
 
Figure 12- Real-time observation by high-speed AFM of Phanerochaete chrysosporium 
flavocytochrome cellobiose dehydrogenase (PcCDH) anchored on a gold surface. The image frames are 
extracted from movies and show the time-evolution of the domain motion of PcCDH in two different 
concentrations of cellobiose: 0 µM (left) and 150 µM (right). The orange and green ovals on the right 
side of each set of image frames illustrate the estimated relative positions respectively of the 
dehydrogenase and the cytochrome domains. Reproduced with permission from reference[123b]  
9- Kinetics 
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9.1- FM 
Characterizations of kinetics of single-enzyme reactions have been realized by fluorescence 
spectroscopy and imaging. However, in this context the enzyme was mostly confined in microdroplets, 
or in a gel etc. and not immobilized at a surface. We invite the interested reader to have a look at a 
review by Lemay and co-workers.[125] To the best of our knowledge, very few studies have been realized 
in an electrochemical context. We will describe here two studies with very close configurations; 
however the first one is not realized under control of electrochemical potential[127] and the second is 
not enzymatic (only an enzymatic cofactor is considered). We believe that the two taken together 
could give clues about enzyme study under electrochemical potential control. The dynamics of single 
monomeric sarcosine oxidase (MSOX) enzymes that contain a covalently bound flavin adenine 
dinucleotide (FAD) cofactor which is highly fluorescent in the oxidized state and dark in the reduced 
state have been studied at the single-molecule level. Enzymes were confined in arrays of gold-based 
nanopores, and the substrate was present in solution. This configuration enabled statistical analysis of 
enzyme fluorescence on-off cycles over time that in turn gave access to single-enzyme rate constants. 
Moreover, reduction and oxidation half-reactions were shown to be independent.[127] The second case 
concerns immobilized FAD[128] and flavin mononucleotide freely diffusing in the nanopores.[129] A 
similar setup allowed to study the spectroelectrochemical behavior, and especially fluorescence arising 
from single-electron transfer events of these two cofactors. 
9.2- SECM 
Kinetics of enzymes immobilized on an insulating surface have been more commonly resolved by SECM 
in enzyme-mediated feedback mode, following the pioneering work by Bard and co-workers in the 
1990’s already presented in the introduction. Since then a theoretical approach based on numerical 
simulation has been developed to extract enzyme kinetics from SECM approach curves.[130]  We will 
not get into details because this goes beyond the scope of this review, although it is clear that SECM 
enables spatially resolved kinetics analysis. This kinetic approach can also help evaluating enzyme 
immobilization methods for possible applications in electrodes. For example, a GOx was entrapped in 
a hydrogel on a SiO2 surface. The kinetics evaluation revealed a high enzyme activity, which means that 
the enzyme remains active and reachable by a mediator after entrapment in a polymer. The method 
would therefore be convenient for enzyme immobilization enabling MET on a conductive surface.[29a] 
Another possibility is the mechanistic exploration of cascade enzyme-systems, with control over the 
distance separating the different enzymes. We describe here the study of a two-enzyme system. 
Acetylcholine esterase, which degrades acetylcholine into choline, was attached on a gold surface, and 
choline oxidase, which couples choline oxidation to O2 reduction in H2O2, was immobilized on the SECM 
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tip. Electrochemical oxidation of H2O2 was then measured at the tip. Both enzymes were immobilized 
on SAMs by electrostatic interactions. The SECM configuration enables to control the distance 
between the two enzymes and thus the substrate transport. SECM experiments and numerical 
simulation allowed resolving the kinetics of both individual enzymes and the two-enzyme cascade.[131] 
Summary and outlooks 
In this review, we discussed how microscopy allows in-depth characterization of enzymatic electrodes 
at the local scale. We introduced different methods (SPM, fluorescence, etc…) that all come as 
complementary techniques to conventional electrochemistry, which on the contrary allows getting 
information exclusively at the scale of the entire electrode. These microscopy techniques give insight 
into several aspects of the enzyme behavior at the electrode surface (resp. in the electrode volume), 
and the obtained information has the further advantage of being spatially resolved. The number of 
immobilized enzymes can be estimated, as well as the dimensions of the enzyme layers or even of the 
single enzyme molecules. SPM gives clues about morphology, structure and conformation of the 
immobilized enzyme, and possibly about their motion or the evolution of the enzyme structure with 
time. Similarly, some mechanistic steps can be elucidated. Since local information is obtained, 
microscopy is ideal to realize maps of phenomena occurring at the electrode surface, either to evaluate 
the distribution of enzyme localization or to map enzyme activity. Finally, microscopy is the most 
adequate method to envision single molecule studies. 
Further developments of the techniques can be envisioned since researchers not only extract various 
and numerous information while using standard commercial material, but also more and more tune 
their experimental set up to better correspond to the studied object. We quoted in this review several 
examples, like the case of SPM, where microelectrode tips used as UME are modified for better 
sensitivity or specificity. It can be a chemical modification, like Prussian blue modified SECM tip which 
provides a 3-order of magnitude higher selectivity for H2O2 reduction in the presence of oxygen 
compared to a platinum tip. The use of enzyme-modified tips in SECM is another strategy expected to 
open new insight in electrocatalysis. [112, 131] Soft probes are nowadays available: they will enable 
physical contact during the approach curve, without contaminating or damaging the probe or the 
sample, and avoid topographic artifacts. For better precision and less artifacts, different techniques 
are prone to be used simultaneously, thus leading to development of “hybrid techniques”. To quote 
some examples, we described here the use of integrated SECM-AFM probes, the hybrid SICM-SECM 
with a nanoring electrode surrounding a nanopipette, or a technology coupling SECM to continuous 
nanoflow. Such multi-technique development will certainly allow in-depth understanding of complex 
samples. In the same idea of multiplying the amount of information, microscopy is most of the time 
44 
 
not the only technique implemented for electrode characterization. It either comes in complement to 
other methods or has to be complemented by other methods depending on the parameters studied: 
ellipsometry, ATR-FTIR… Thanks to all these advances, the close future will certainly see the rise of in 
operando observation of enzymatic electrodes during electrochemical experiments. 
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Local characterization: In bioelectrochemical applications such as biosensors and biofuel cells, redox 
enzymes are immobilized at electrodes which collect or provide the required electrons. 
Various electrochemical techniques allow understanding the behaviour of the enzymatic 
electrodes at the global scale. This review describes how scanning probe microscopy (AFM, 
STM, SECM) and fluorescence microscopy are used to obtain complementary information at 
the local scale. 
 
 
